A comparative study on cell disruption of the microalga Neochloris oleoabundans: lipid extraction efficacy and biodiesel characterization 
Short running title: Oil extraction from Neochloris oleoabundans
Farzaneh Mehrabi1, Ali Jafarpour*1, Ghorban-Ali Nematzadeh2
1 Department of Fisheries, Sari Agricultural Sciences and Natural Resources University, P.O. Box 578, Sari-Iran
2 Genetic and Agricultural Biotechnology Institute of Tabarestan, Sari Agricultural Sciences and Natural Resources University, P.O. Box 578, Sari-Iran
*corresponding author:

Ali Jafarpour

E-mail: a.jafarpour@sanru.ac.ir
Abstract

This study was conducted to determine the most effective cell disruption method and oil extraction solvent on the microalgae Neochloris oleoabundans. The three methods, either individually or  combinatorial, were as integrated enzymatic hydrolysis (E) by cellulase (1, 2, 3 and 4%, v/w) and Flavourzyme (0.5, 1, 1.5 and 2% v/w); ultrasonication (U) (20 KHz and 100% spin with 20 and 40 amplitudes for 3, 8 and 13 min); and homogenization (H) (7200, 11200 and 15600 rpm for 3 min). For oil extraction, the three solvents tested were water, ethanol and methanol. The most effective method for cell disruption (as judged by quantity of subsequently extracted oil) was the integrated E+H method, followed by the integrated E+U, respectively. The fatty acids C16:0, C18:1 and C18:2 were the main constituents of extracted oil. Methanol was the most effective solvent, extracting 6.44%, 19.66% and 20.54% of fatty acids. Furthermore, in terms of biodiesel characterization, the iodic index and cetane number of the extracted oil were as 63.15 and 73.84 in ethanol, 95.33 and 62.59 in methanol and 67.66 and 76.31 in water. Therefore, the most effective method was to use the E+H method for cell disruption followed by methanol as the suitable solvent for oil extraction.
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Introduction
Currently sustainable production of green fuel is the issue of most concern to global authorities. Photosynthetic microorganisms such as green algae seem to be a promising alternative to address these requirements, by producing biodiesel to replace fossil fuels (Talebi et al., 2013). The search for fossil fuel alternatives has received much attention due to the increasing price of fossil fuels and concern over emitted greenhouse gases since the 1970s (Knothe, 2005; Juneja, Ceballos, & Murthy, 2013). Lipids from animals and oily seeds have been tested but there are some restrictions in their applications as biodiesel, including the increasing demands of human societies for food and agricultural land and the limitations on fresh water supply (Li, 2008; Song et al., 2013a). Alternatively, the high lipid contents of microalgae and their land-free cultivation, high energy, low viscosity and density make them better choices as more appropriate sources for biofuel production (Rawat et al., 2013). Microalgae have the greatest potential for energy production, as they use sunlight, water and carbon dioxide to produce biomass. Microalgae also possess great environmental and economic importance as the basis of food chains, the production of oxygen and as natural sources of valuable compounds such as fatty acids, steroids and carotenoids (Lee, Lewis, & Ashman, 2012). 
However, to be able to use microalgae as a source of oil, it is necessary to disrupt the cell walls as a first step. Protocols for the disruption of microalgae  cells include mechanical (Samarasinghe et al., 2012), thermo-chemical (Choi et al., 2014), microwave (McMillan et al., 2013) and enzyme-associated hydrolysis methods (Chen et al., 2018), which of course each of which is exclusively species dependent interms of extraction efficiency (Kim et al., 2016). Application of an appropriate cell disruption method depends on the quality and type of the metabolite wanted and its intended scale of use (commercial or laboratory) (Mata, Martins, & Caetano, 2010). All mechanical methods encounter limitations in large-scale batch production (Kleinig & Middelberg, 1998). However, mechanical methods are preferred because they avoid chemical contamination and preserve the bioactivity properties of cellular materials. Ultrasonication, homogenization and high-pressure homogenization (HPH) are three commonly used mechanical methods (Ismail et al., 2010). Mechanical methods can directly disrupt cell walls by applying potent forces such as shear stress (Li, 2008; Chen et al., 2018). Enzyme-associated hydrolysis as a biological approach needs significantly less energy compared with mechanical processes and microalgae cell walls may be disrupted by destroying their proteins, cellulose and pectin by applying appropriate enzymes (Wang et al., 2015).
The appropriate combination of microalgae fatty acids has much influence on the quality of the biofuel produced, which largely depends on the ratio of saturated to unsaturated fatty acids (Radakovits et al., 2010; Islam et al., 2013). Cetane number (similar to gas octane number) is the main criterion and increasing the cetane number means a reduction in ignition delay. The greater the cetane number, the greater the content of saturated lipids in biodiesel. According to the European Committee for Standardization (EN 14214:2008), the minimum cetane number and ester content for biodiesel should be 51 and 96.5% respectively (Ramos et al., 2009).
Neochloris oleoabundans is a freshwater microalga belong to the class Chlorophyceae and Family Chlorococcaceae, which can produce 35-54% oil g-1 dry weight under phototropic conditions. This oil consists of 80% triglyceride with a majority of C:16 to C:20 unsaturated fatty acids, which is appropriate for oil production (Rashidi & Trindade, 2018). According to literatures, cell wall of microalgae N. oleoabundans is composed of about 24.3% carbohydrates, 31.5% proteins, 22.2% lipids and 7.8% inorganic material, which can be variable when cultivated under different growing conditions (Rashidi et al., 2019). However, it is difficult to break the cell wall of N. oleoabundans compared with other microalgae cells, as it comprises mostly cellulose and protein. Most studies on microalgae cell disruption and oil extraction have shown that using a single-method approach for oil extraction consumes more energy (Spiden et al., 2013). Alternatively, applying a combination of mechanical and enzymatic processes may reduce energy demand and enhance the efficacy of oil extraction.
Therefore, the present study aimed firstly to compare the efficacy of different biochemical and mechanical cell disruption methods on microalgae N. oleoabundans in either single step and/or consecutive steps. Secondly, the quantity and quality of extracted oil was determined by comparative application of three solvents (water, ethanol and methanol) as judged by their fatty acid profiles and their compatibility with standard criteria as biodiesel.

Materials and methods
Species and cultivation conditions
Neochloris oleoabundans stock was provided by the University of Nantes, France and was grown in the Bold's Basal Medium (BBM) with the initial pH adjusted to 7.5 with a pH meter (744 Metrum model, Switzerland). Culture media and all other equipment were autoclaved at 121°C for 15 min. Afterward, 200 mL microalgae stock was added to separate culture media flasks, inoculated and incubated at 25°C with continuous aeration under a 16:8 (L:D) photoperiod with 3700 lux light intensity for 21 days.

Biomass harvesting

The aeration system was stopped 4 h before discharging almost half the culture with subsequent centrifugation at 4300 ×g for 10 min.

Cell disruption by ultrasonication (U)

Culture suspension containing 50 mg of N. oleoabundans fresh biomass was transferred to 15 mL Falcon tubes containing 3 mL of water as extraction solvent and exposed on ice to an ultrasonic device (Sonics, Newtown, CT, USA) at 20 KHz and 100% amplitudes for total duration times of 3, 8 or 13 min.

Cell disruption by homogenization (H)

Culture suspension as detailed above was homogenized by an ultraturax homogenizer (IKA Germany) at 7200, 11200 and 15600 rpm for 3 min on ice.
Cell disruption by enzymatic hydrolyzation (E)

Mixture of water (3 mL) and biomass of microalgae N. oleoabundans (50 g) was place in a 15cc falcon tubes. Culture suspension was then subjected to cellulase and Flavourzyme enzymes. Flavourzyme was added at 0.5%, 1%, 1.5% or 2% of biomass (v/w) and incubated at 55°C for 2 h and subsequently cellulase was added to the microalgae biomass (v/w) at four separate levels (1%, 2%, 3% or 4%) and incubated at 50°C for 3 h. Enzyme inactivation carried out at 90 °C for 15 min after enzymatic hydrolysis process. 
Cell disruption by a combination of enzyme and mechanical methods

Suspensions of microalgae cells with 4 g biomass L-1 in methanol were firstly exposed to Flavourzyme (1%, 2%, 3% or 4%, v/w) for 2 h, followed by exposure to cellulase (0.5%, 1%, 1.5% or 2%, v/w) for 3 h. Suspensions were then either ultrasonicated at 100% amplitude for 3, 8 or 13 min or homogenized at 7200, 11200 or 15600 rpm.

Lipid extraction

After cell disruption by the methods above, each suspension was centrifuged at 4300 ×g for 10 min. Lipid content was measured after transferring the supernatant into a rotary evaporator instrument for solvent elimination (Model TAT-RKdj, TeyfAzmaTeb Co, Iran) (43).
Measurement and identification of extracted fatty acids
Direct transesterification was performed by the method of (Guy Lepage & Roy, 1986) with slight modification by a single step extraction and derivatization technique in order to verify the fatty acid (FA) profile of the extracted oil. Transesterification was as follows: 300 μl of the extraction buffer solution containing methanol (MeOH) and 2% of concentrated H2SO4 was added to 4 mg of the microalgal sample and incubated at 80°C for 2 h. Subsequently 300 μl of 0.9% NaCl and 300 μl of hexane were added and the sample was centrifuged at 3000 ×g at 20°C for 3 min. Methyl esters were prepared by adding 3 mL heptane and 0.05 mL 2 M KOH per  0.1g of extracted lipids and stirring for 20 min. Fatty acid methyl ester (FAME) standards (including C16:0, C16:1, C18:0, C18:1, C18:2, C18:3, C20:0, C20:1) were purchased from Merck (Darmstadt, Germany) and used to compare the retention times in order to identify the FA peaks. The method of Matthew et al. (2009) [29] was followed for gas chromatography (GC) analysis on a Varian CP-3800 GC (Varian, Inc., Palo Alto, CA) equipped with a CP-Sill 88 fused silica column (100 m, 0.25 mm I.D., film thickness 0.25 μm) with helium as the carrier gas (1 mL min-1), a split ratio of 20:1 and a flame ionization detector (FID) at 280°C. The column temperature was programmed at 130°C for 4 min, then a temperature gradient to 180°C at 5°C min-1 and finally to 220(C at 4°C min-1. 
Color parameters of extracted oil

The color coordinates (L*, a*,b*) were measured for extracted oil samples using a color measuring instrument (Model IMG-Pardazesh Cam-Systerm XI-Iran) (Jafarpour, 2015).
Qualitative parameters of microalgae oil compared to standard biodiesel

Microalgae oil parameters for biodiesel, including density, kinematic viscosity, cetane number, cloud point, pour point and higher heating value were assessed by Biodiesel Analyzer software (version 2.2).

Statistical analysis
This study was designed and performed using Factorial experiment in a Completely Randomized Block Design in triplicate. Results were expressed as mean ± SD and analysis of variance (ANOVA) was used to assess the statistical significance of differences among observed treatment means, and post-hoc significant differences determined by Duncan's multiple range test at p=0.05, using SPSS software version 17.0.
Results and discussion
Quantity of extracted oil by different methods
Ultrasonication method

After mass cultivation and production of microorganisms for commercial purposes, in order to process the biomass for the extraction of intracellular compounds, the most important issue is the choice of a suitable method for breaking the cells. Most of the methods for bacteria can also be applied to microalgae. As shown in Table 1, the quantity of extracted oil from disrupted microalgae cells using ultrasonication at fixed shearing force varied significantly by increasing the agitation time from 3 min to 13 min (p<0.05). In other words, applied sonic energy for 3 min to 8 min at 100% amplitude (20 KHz) resulted in statistically significant increase in percentage of extracted oil. In a study conducted by (Wang et al., 2015), it was found that in case of N. oleoabundans, the most suitable ultrasonication time and power could be selected as 30 min and 600 W, respectively.

(McMillan et al., 2013) investigated several effective and less damaging techniques such as solid and liquid shear, thermolysis, microwave and laser treatments to disrupt the cells of the microalga Nannochloropsis oculata. The greatest disruption was observed with laser treatment (96.53%), while liquid shear ultrasonication was the least effective (67.66%) approach. It is now believed that the destructive effects of ultrasonic method on cell wall is primarily due to the cavitation impact. Disruption of a variety of microalgae was quantified over a range of concentrations by (Greenly & Tester, 2015). These authors stated that the initial 2-5 sec of sonication shown to cause the most significant cell disruption. However, disruption time can be extended as a function of microalgae species up to 2 min. In our study, further increasing of the agitation time to 13 min resulted in noticeable attenuation in effectiveness and subsequent percentage of recovered oil (p<0.05), i.e., nearly 62% less than the quantity of obtained oil after 8 min ultrasonication (Table 1). This is in line with study was conducted by (Keris-Sen et al., 2014) who implied on an optimum energy dosage, and contributed it to the excessive production of cavitation at higher power, which can lead to increased interaction between cavitation instead of their interaction with the cells. Furthermore, according to (Greenly & Tester, 2015), the plausible explanation would be wherein the field of cavitating bubbles forms near the horn tip, increasing the absorbance of the medium and decreasing the penetration of high power ultrasound throughout the system. 

Homogenization method
Homogenization is well regarded as an appropriate and efficient mechanical method on an industrial scale (Kleinig & Middelberg, 1998). In the present study, it has been proved the homogenization method to be highly efficient in order to rupture the microalgae N. oleoabundans cell walls. However, the quantity of extracted oil using different homogenization speeds varied significantly (p<0.05) with nearly the same trend as ultrasonication method (Table 2). Based on the data, by increasing the homogenization speed from 7200 rpm to 11200 rpm, the extracted oil percentage increased slightly but significantly from nearly 38% to 39%. Whereas, increasing of torque force from 11200 rpm to 15600 rpm resulted in only 35% oil extraction percentage, which was significantly 11% lower compared to the former. This is in agreement with Wang et al. (2015), as these authors stated that application of high pressure homogenization from 40 MPa to 60 MPa caused a nearly 35% increase in value of cell wall disintegration degree, whereas, increasing the pressure from 60 to 70 MPa was corresponding to only 4.6% increase in cell wall disruptor percentage. According to (Günerken et al., 2015), mechanical techniques are the most suitable for industry, but require high specific energy. Conversely, non-mechanical strategies may influence item quality (to a minor degree), reduce vitality needs, acquire greater selectivity and give uniform cell disruption.
Enzymatic hydrolyzation (E) method  

Biological pre-treatments causing partial destruction of the microalgal cell wall through enzymatic hydrolysis can be conducted under mild conditions to prevent induction of harmful side-affects and/or contamination of the extracted lipid (Dumay et al., 2013). Fig. 1 shows that the quantity of extracted oil varied significantly (p<0.05) as a function of concentrations and ratios of cellulase (C) and Flavourzyme (F) enzymes. The largest quantity of oil (2.04 g L-1) was extracted by 3% cellulase along with 1.5% Flavourzyme (C:F 3:1.5), followed by C:F in ratios of 1:2 and 2:2, respectively (p<0.05). Whereas, the lowest concentration of obtained oil from microalgae N. oleoabundans was related to C:F ratios of 1:1, 3:0.5 and 3:2 (p<0.05). Increasing cellulase to 4% at different levels of Flavourzyme did not cause a significant differences in amount of extracted oil (p>0.05) (Fig. 1). Based on the data and apart from the C:F ratio of 3:1.5, and also from industrial and economical point of view, the propensity in efficiency of cell wall disruption in our study was toward application of lower concentration of cellulase along with higher concentration of Flavourzyme as it was obvious in C:F ratio of 1:2. Considering the cell wall composition of N. oleoabundans in form of peptidoglycan, it is notable that the cellulose can effectively hydrolyze the cellulosic structure of the cell walls even at lower concentrations, whereas higher concentration of Flavourzyme is needed to break down the linkage between peptidoglycan residues in the cell walls in microalgae N. oleoabundans. 

Wang et al. (2015) reported the combination of 2% papain and 3% cellulase enzymes as the most effective pattern that could enhance the disintegration percentage of N. oleoabundans cell walls which is fairly close to the C:F ratio of 3:1.5 in our study. Referring to the work of Wang et al. (2015), application of protease prior to the cellulase enzyme, significantly increased the cell wall disruption percentages compare to the revers pattern. The plausible explanation by these authors was that application of protease before cellulase can loosen up the rigid cell wall structure, hence, make the cellulose substrate more accessible to cellulase enzyme, thus higher lysis efficiency can be achieved. (Taher et al., 2014) investigated the extraction of lipid directly from wet concentrated cells of Scenedesmus sp. for biodiesel production by using enzymatic disruption to enhance the extraction. They found that lysozyme and cellulase efficiently disrupted cells and enhanced lipid extraction from wet samples, reaching the greatest lipid extraction of 16.6% and 15.4%, respectively. These authors also investigated the synergic effect of both enzymes in ratio of 1:1; however lower yield of 12% was achieved.
Combination of biological and mechanical methods
Although enzymes can decompose the cell wall substances, complete fragment of cells may not be achieved until a large quantity of enzymes act for a long enough time, which also requires mechanical stirrings. In our study, the highest quantity of oil from microalgae N. oleoabundans was extracted with combination of enzymatic hydrolysis and both mechanical methods (homogenization and ultrasonication) (P<0.05). Accordingly, the presence of enzymes along with homogenization or ultrasonication remarkably increased the cell wall disruption, which was corresponding to the significant oil extraction percentage which was recorded as 94.33% and 87.56% respectively, compared to homogenization (38.77%), enzymatic hydrolysis alone (35.59%) and ultrasononication (25.75%). This is more evident in Fig. 2, as it illustrates the effectiveness of combinatorial approach of enzymatic hydrolysis and homogenization method in in cell wall disruption of microalgae N. oleoabundans. This is in line with Wang et al. (2015), who compared the efficacy of integrated enzymatic and mechanical methods on N. oleoabundans cell wall disruption and oil extraction. These authors reported that combination of enzymatic hydrolysis and high-pressure homogenization as the most efficient method for cell disruption (95.41%) and lipid recovery (92.6%) from green microalgae N. oleoabundans.

Fatty acid profile of extracted oils
Gas chromatography provides the most accurate results in determination and identification of fatty acids and therefore was chosen for this study. The fatty acid profiles of the oils extracted from N. oleoabundans are presented in Table 3. It needs to be mentioned that as the combination of enzymatic hydrolysis and homogenization was determined as the most effective approach in cell disruption from microalgae N. oleoabundans, thereafter, the final suspension of this treatment was subjected to three different solvents as methanol, ethanol and water to determine the differences in their fatty acid profiles.
The dominant fatty acids were palmitic acid (C16:0), oleic acid (C18:1), linoleic acid (C18:2) and linolenic acid (C18:3), which comprised about 80% of total fatty acids, whereas other fatty acids such as palmitoleic acid (C16:1) and arachidic acid (C20:0) had a relatively small percentage. The fatty acids identified in the present study were similar to those reported previously (Breuer et al., 2013; Widianingsih et al., 2013). Generally, fatty acids such as C16:0, C18:0, C18:1 and C18:2 are the most abundant constituents of biodiesel (Knothe, 2005; Ismail et al., 2010). Saturated and single-chain unsaturated fatty acids are preferred as the main components of biodiesel due to their greater oxidative stability (Mata, Martins, & Caetano, 2010; Rawat et al., 2013). Desirable biodiesel features include low temperature in cetane function, special number and viscosity, which are assessed based on length and unsaturated methyl-ester fatty acids (Popovich et al., 2012).
In the present study, different extraction solvents as water, methanol and ethanol extracted single-chain unsaturated, multi-chain unsaturated and saturated fatty acids from N. oleoabundans (Table 3), suggesting that the extracted oil is appropriate for biodiesel production. Furthermore, the isolation and purification of omega-3 fatty acids, specifically DHA, as a nutraceutical substance from N. oleoabundans oil may offset the expense of biofuel production (Mata, Martins, & Caetano, 2010; Popovich et al., 2012).  However, using different solvents can lead to changes in relative percentages of these extracted fatty acids; for example, using methanol increased extraction of C16:0, C18:1, C18:2 and C18:3 (Table 3). Organic solvents such as hexane, ethanol, chloroform and diethyl ether can degrade the biomass by breaking down the plasma membrane and are used widely to extract metabolites such as astaxanthin, beta-carotene and fatty acids (Miazek et al., 2017). In addition, some researchers have used organic solvents to extract lipids for biodiesel production (Byreddy et al., 2015). In this case, a mixture of hexane and 96% ethanol is applied to the lyophilized biomass (Taher et al., 2014). However, other undesirable substances, such as sugars, amino acids, salts, hydrophobic proteins and pigments also enter the organic phase. 
Color parameters of oil samples 

Table 4 presents color coordinates of extracted oil samples from N. oleoabundans. There is significant differences (p>0.05) among color parameters of the extracted oil by different solvents as the highest lightness value was belong the extracted oil by water (p<0.05), followed by ethanol and methanol, respectively.  In terms of redness and yellowness, there was no significant difference between water and methanol treatments. However, the ethanol treatment significantly increased the yellowness (b*) of extracted oil over that of water and methanol (p<0.05).

Characterization of extracted oil as biodiesel 

Analysis of the fatty acid profiles was performed using Biodiesel Analyzer© software to assess the suitability of the oil extracted from N. oleoabundans for biodiesel production (Talebi et al., 2013). Some important features of biodiesel are cetane number (CN), iodine value) IV) and oxidative stability (OS), which describe ignition status, biodiesel quality, stability and operational performance (Islam et al., 2013).
The measured CN and IV of extracted oil were 63.15 and 73.84 in ethanol, 95.33 and 62.59 in methanol and 67.66 and 76.31 in water, compared with the maximum values of 47-51 and 120 for CN and IV, respectively, according to the  ASTM D6751-12
. Furthermore, the OS values were 81.32, 30.62 and 9.07 for ethanol, methanol and water respectively, indicating that OS decreased as unsaturated multi-chain fatty acids increased. Other properties of the oil, such as saturated fatty acids (SFA),  mono-unsaturated fatty acids (MUFA), poly-unsaturated fatty acids (PUFA), degree of saturation (DU), saponification value (SV), long-chain saturated factor (LCDF), cold-filter plugging point (CFPP), cloud point (CP), allylic position equivalents (APE), bis-allylic position equivalents (BAPE), high heating value (HIV), kinematic viscosity (μ) and density (ρ) are summarized in Table 5.
The quality of biodiesel is affected by the degree of saturation of the fatty acids. (Talebi et al., 2013) selected the microalga Amphora from the Persian Gulf as a potent strain for biodiesel production based on its oil’s qualitative characteristics, such as the greatest scores in LCSF, SV, CP, CN and CFPP, and least in IV, APE and BAPE. In comparison with their results, Table 5 shows that the oil extracted from N. oleoabundans is also a potent resource for biodiesel production. Furthermore, according to the European standards for biodiesel (EN 14214:2008), CN, IV, density, viscosity and OS are as: 51(Min.), 120 (Max.), 0.86-0.90 (g/cm3 at 15°C), 3.5-5.0 (mm2/s at 40°C) and 6 h (Min. at 110°C). All values from N. oleoabundans (Table 5) were approximately within these ranges, confirming the suitability of oil extracted from N. oleoabundans for biodiesel production. The IV is considered an index of OS and was about 63.15, 95.33 and 67.66 for oil extracted by ethanol, methanol and water, respectively, all resulting in moderate OS of 81.32, 30.62 and 9.07 for ethanol, methanol and water respectively, again indicating the suitability of biodiesel produced for longer storage, even in hot regions. Interestingly, the CP and PP values of the biodiesel produced in this study imply that it is suitable for temperate regions too.  

Notably, biodiesel tends to have a much narrower difference in temperature between the cloud point and the pour point compared with petroleum diesel (typically 20(C). This was confirmed by the results of this study, as the difference between CP and PP was only 6(C. Furthermore, the CFPP values in this study were -4.70 (ethanol), -6.30 (methanol) and -2.80 (water), all within the range recommended by EN 14214 protocols (from -15(C to +5(C), which makes the biodiesel extracted from N. oleoabundans also suitable for cold regions. The CFPP value was reported as 12°C by Talebi et al. (2013) – a value they claimed was still within the range of the Brazilian ANP standard's maximum of 19°C for CFPP (Agarwal, Singh, & P., 2010). (Chinnasamy et al., 2010) recommended that biodiesel with different FAME profiles should be obtained from several microalgae grown simultaneously to address the sustainability, feasibility and economic issues for scaled-up biodiesel production for industry.

Conclusion

According to the results of this study, the most effective method for disrupting cell walls of microalgae N. oleoabundans and extracting the largest amount of oil for its application as a biodiesel was a combination of enzymatic and homogenizer methods. The best treatment was homogenization at 11200 rpm, followed by enzymatic hydrolysis with 1.5% Flavourzyme followed by 3% cellulase. Methanol extracted more of the fatty acids C16: 0, C18: 1 and C18: 2 (the most common biodiesel components) than ethanol or water. Furthermore, the greatest values for cetane number and iodine value of lipid were determined for ethanol, methanol and water respectively. Thus, it can be concluded that combination of biological and mechanical methods, along with methanol as a solvent, can be considered as promising and efficient approach for cell wall disruption and lipid extraction from microalgae N. oleoabundans.
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Table 1- Quantity of extracted oil from the microalga Neochloris oleoabundans by ultrasonication at 100% amplitude at different times in presence of methanol.
	Time (min)
	Amplitude (%)
	Extracted oil (g L-1)
	Extracted oil (%)

	3
	100
	0.98 ±0.16 b*
	24.26

	8
	100
	1.04 ±0.25 a
	25.75

	13
	100
	0.65 ±0.11 c
	16.09


*Mean ± Standard Deviation, replication (n=3), different superscript letters in the same column represent significant differences at α=0.05.

Table 2- Variation in quantity of extracted oil from the microalga Neochloris oleoabundans at different homogenization speeds after 3 min in presence of methanol.
	Time (min)
	Speed Range (rpm)
	Extracted lipid (g.L-1)
	Extracted lipid (%)

	3
	7200
	1.38 ±0.36 b*
	37.94

	3
	11200
	1.41 ±0.28 a
	38.77

	3
	15600
	1.25 ±0.11 c
	35.19


*Mean ± Standard Deviation, replication (n=3), different superscript letters in the same column represent significant difference at α=0.05.

Table 3- Fatty acid profiles of oil from microalga Neochloris oleoabundans, extracted by combination of enzymatic hydrolysis and homogenization method in presence of different solvents.
	Fatty acid
	Organic Solvent

	
	Water                  methanol                  ethanol  

	Saturated

C16:0

C20:0

Unsaturated

C16:1

C18:1

C18:2

C18:3

C20:2

C20:3

C20:4

C20:5

C22:6

C24:1

C24:2
	5.85 ±0.5b*      

18.23 ±0.31d     

-             

18.46 ±0.26f      

18.19 ±0.43c      

-              

18.02 ±0.3e     

-           

14.77 ±0.56a     

-             

-             

-             

-             
	6.44 ±0.42e       

15.23±0.27i       

-               
19.66±0.31h       

20.55±0.8a         

1.48 ±0.53c       

10.14±0.38f       

0.34 ±0.24k       

5.89 ±0.26j       

0.30 ±0.73b       

6.74 ±0.49d       

-               

67.55±0.36g       
	5.69 ±0.46f
14.43 ±0.27k
1.66 ±0.39g
17.92 ±0.51d
2.42 ±0.32h
4.49 ±0.83a
9.77 ±0.54c
0.36 ±0.48e
4.71 ±0.29j
0.27 ±0.74b
-        

68.03 ±0.31i
-        


*Mean ± Standard Deviation. 

Replications (n=3), different superscript letters in the same column represent significant differences at α=0.05.
Table 4- Biodiesel specifications of oil extracted from the microalga Neochloris oleoabundans by different solvents and combination of enzymatic hydrolysis and homogenization method.
	Water
	Methanol
	Ethanol 
	Unit
	Specifications

	19.422
	5.031
	5.162
	% (m/m)
	Saturated fatty acid (SFA)

	18.463
	71.808
	72.677
	% (m/m)
	Mono-unsaturated fatty acids (MUFA)

	23.618
	12.649
	3.950
	% (m/m)
	Poly-unsaturated fatty acids (PUFA)

	65.698
	97.106
	80.577
	
	Degree of unsaturation (DS)

	120.652
	144.586
	130.752
	mg KOH/g oil
	Saponification value (SV)

	67.667
	95.335
	63.152
	g I2/100 g
	Iodine value (IV)

	76.313
	62.599
	73.834
	min
	Cetane number (CN)

	14.159
	3.239
	3.746
	% (m/m)
	Long-chain saturated factor (LCSF)

	-2.806
	-6.301
	-4.708
	oC
	Cold-filter plugging point (CFPP)

	-1.916
	-3.945
	-4.164
	oC
	Cloud point (CP)

	-8.901
	-11.103
	-11.342
	oC
	Pour Point (PP)

	71.128
	51.480
	14.671
	
	Allylic position equivalents (APE)

	56.196
	47.540
	14.566
	
	Bis-allylic position equivalents (BAPE)

	9.075
	30.627
	81.326
	h
	Oxidation stability (OE)

	24.382
	36.435
	33.408
	oC
	High heating value (HHV)

	2.353
	5.249
	4.904
	mm2/s
	Kinematic viscosity (KV)

	0.540
	0.785
	0.714
	kg/m3
	Density (D)


List of Figures

Fig 1. The quantity of extracted oil from the microalga N. oleoabundans microalgae as a function of different levels of cellulase and Flavourzyme enzymes, C: cellulase, F: Flavourzyme. (All data are represented as mean±SD with n=3 replications).

Fig 2. Light photomicrographs (×40) of cell disruption of the microalga Neochloris oleoabundans subjected to different methods: ultrasonication for 8 min (A), homogenization at 11200 rpm (B), enzymatic degradation with 3% Flavourzyme and 1.5% cellulase (C), combination of enzymes and homogenization (D),  and combination of enzymes and ultrasonication (E). 
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